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ABSTRACT: The rate and mechanism of hydrolytic degradation and erosion determine the utility and performance
of bioresorbable polymers for tissue-engineering and drug-delivery applications. Nevertheless, changes in polymer
morphology at the nanoscale caused by degradation and erosion, particularly those associated with the spatial
distribution of water, are not well understood. We exploit recent imaging advances based on spatially resolved
electron energy-loss spectroscopy (EELS) in the cryo-scanning transmission electron microscope to quantitatively
map the morphological changes of a degrading and eroding random copolymer of DTE (desaminotyrosyl-tyrosine
ethyl ester) and PEG (poly(ethylene glycol)). Weight-gain measurements indicate that this polymer contains 12
wt % water after 48 h of immersion in water at 20°C. After immersion for 5 months, EELS shows that the
average water content increases from 11.8( 0.8 to 14.9( 1.0 wt %, but 15 nm resolution compositional maps
do not reveal any morphological changes. After immersion for 12 months, however, compositional mapping
resolves a network of PEG-depleted regions with characteristic sizes of 50-100 nm. These PEG-depleted regions
are enriched in water. They correspond to high-diffusivity paths through which PEG-rich fragments eroded.
Exposure to water at 37°C for 2 additional weeks leads to an even more developed network of channels about
100 nm in size. These findings suggest that the development of high-diffusivity pathways at nanolength scales
plays a key role in the early stages of bioresorption in bulk-eroding polymers, and they demonstrate that electron
energy-loss spectroscopy in the STEM is an effective new tool to quantitatively study the morphological changes
associated with polymer hydration, degradation, and erosion at these fine length scales.

1. Introduction

Bioresorbable polymers are currently under investigation for
possible use in a wide range of medical devices such as vascular
grafts, drug-delivery vehicles, and tissue-engineering scaffolds.1-4

When in contact with a physiological medium, these polymers
undergo degradation and erosion.5 Degradation reduces the
polymer molecular weight, while erosion leads to mass loss as
the fragments produced by degradation diffuse out of the
polymer. To gain a fundamental understanding of the erosion
process, bioresorbable polymers have been extensively charac-
terized with respect to their mass-loss profile, changes in
crystallinity, and formation of pores.6-9 In addition, extensive
use has been made of mathematical modeling.10-14 However,
as was recently pointed out by Burkersroda et al.,15 erosion is
a complex phenomenon that remains far from being satisfactorily
understood.

Bioresorbable polymers can be classified as either surface
eroding or bulk eroding.5,15 The mass-loss profile of bulk-
eroding polymers typically follows a pattern where there is an
initial period of no significant mass loss followed by an abrupt
onset of rapid mass loss.7,12,16,17Göpferich explained many of
the important features of bulk-erosion behavior by constructing
a percolation model.12 According to this model, water-soluble
degradation products are only able to leave the bulk of a polymer
after enough degradation has taken place so that a percolated
microstructure constituted by water and the water-soluble

degradation products extends to the surface. Using this model,
Göpferich predicted the onset of spontaneous erosion after a
period of no mass loss.

Though the percolation model can satisfactorily explain the
mass-loss profile of bulk-eroding polymers, it does not address
in detail the specific morphological changes that occur to a
polymer undergoing erosion. For example, if pores and channels
are created, knowing the characteristic length scales and spatial
distribution of these features is important because these dynamic
morphological changes have a direct impact on the mechanical
integrity of the biomaterial device and its transport properties.
While many experimental approaches have been utilized to study
the real-space morphology of eroding polymers,18 a compre-
hensive characterization of their morphological evolution is
challenging. Specifically, early morphological changes can occur
at length scales well below the spatial resolution limit of many
of the available experimental characterization methods. Fur-
thermore, since many bioresorbable polymer systems are
multicomponent systemsscopolymers4,18,19 and blends20,21s
which are phase separated at nano and micro length scales,
unambiguously identifying the different chemical phases com-
prising the multicomponent system and their respective roles
in the erosion process becomes crucial to understanding the
erosion process. Finally, water is an integral part of a biore-
sorbable polymer system, and water-polymer interactions need
to be explicitly taken into account. Macroscopic methods can
be used to measure the degree of water uptake, the kinetics of
this uptake, and the state of the water within a hydrated
bioresorbable polymer, but no experimental method has yet
mapped the nanoscale spatial distribution of water within a
bioresorbable polymer and related this to the underlying polymer
morphology.
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Here we describe research using spatially resolved electron
energy-loss spectroscopy22,23 (EELS) in the cryo-scanning
transmission electron microscope (cryo-STEM) to study the
morphological evolution and water distribution within a bulk-
eroding bioresorbable copolymer system undergoing degradation
and erosion. This approach combines the nanoscale spatial
resolution of the scanning transmission electron microscope, the
spectral sensitivity afforded by electron energy-loss spectros-
copy, and the ability to work with frozen-hydrated specimens
in the cryo-STEM to generate quantitative nanoscale compo-
sitional maps for water and for the phases comprising the
multicomponent polymer system. In contrast to the TEM
imaging of less radiation-sensitive materials where sub-angstrom
resolution has recently been demonstrated and is limited by the
quality of the microscope’s optics,24 the achievable resolution
in studies of radiation-sensitive materials such as hydrated
polymers is determined by the electron dose required to generate
a statistically significant signal above noise.25 The spatial
resolution of 15 nm achieved in the present experiments is a
factor of 5-10 better than previous studies of hydrated
organics,25-28 and it is a critical enabler of the experiments
described here. These experiments permit us to quantitatively
reveal nanoscale morphological changes associated with polymer
hydration, degradation, and erosion.

We have studied a bulk-eroding, bioresorbable, random
copolymer consisting of desaminotyrosyl-tyrosine ethyl ester
(DTE) units copolymerized in random sequence with 8 mol %
of low molecular weight PEG (1 kDa). This polymer belongs
to a group of tyrosine-derived polycarbonates which are
currently being considered for use in medical implant applica-
tions.19,29 The polymer composition (Figure 1) can be repre-
sented by poly(DTE-co-8% PEG1000carbonate)19 and has been
abbreviated here as p(DTE-PEG).

Degradation within p(DTE-PEG) occurs preferentially at the
carbonate bond located in its backbone30 (Figure 1). From such
a degradation mechanism it is possible, for example, that an
entire PEG segment is released from the copolymer chain
provided that degradation takes place at both ends of the PEG
oligomer. It is also possible that DTE without any PEG attached
is formed. Since DTE is not readily water-soluble, this degrada-
tion reaction simply reduces the copolymer molecular weight.
A degradation product consisting of both DTE and PEG can
also be produced. Its solubility will depend on the balance of
DTE and PEG. Furthermore, in addition to backbone carbonate
bond cleavage there is also the possibility for cleavage of the
pendent ester bond of the DTE (Figure 1). This produces the
more water-soluble desaminotyrosyl-tyrosine (DT)30 unit. The
kinetics of this side-chain degradation mechanism are, however,
∼4 times slower than those of the main-chain carbonate bond
cleavage.30

2. Experimental Section

2.1. Degradation Study. Poly(DTE-co-8% PEG carbonate)
[p(DTE-PEG)] was synthesized as described previously.19 For
degradation studies, films about 300µm thick were obtained by
compression-molding. These films were placed in type I deionized
water (18.2 Mohm‚cm, pH 5.6) at 20°C. At specific time points

(2 days, 5 and 12 months), a piece of the copolymer was taken
from the water and frozen in liquid nitrogen (2 days) or liquid
propane (5 and 12 months).

2.2. Differential Scanning Calorimetry. Measurements were
performed on a TA Instruments DSC 2920 under nitrogen. Prior
to DSC analysis, specimens were equilibrated at room temperature
and 50% relative humidity. The sample size and the scan rate were
8-15 mg and 10°C/min, respectively. The glass transition was
determined by the half-extrapolated tangents method from the
second scan after a short annealing step 50°C aboveTg, followed
by cooling at 10°C/min.

2.3. TEM Specimen Preparation, HAADF STEM, and EELS.
Frozen-hydrated films at each degradation time point were micro-
tomed perpendicular to the plane of the film to generate cross
sections. The microtomy was performed using a dry 35° diamond
knife at -100 °C using a Leica Ultracut S cryo-ultramicrotome.
The sections were placed on a Cu grid coated with a continuous
layer of carbon (about 30 nm thick) and stored in liquid nitrogen.
Specimens of pure amorphous ice were made by cryoplunging
ultrathin water films supported by copper TEM grids into liquid
propane, and specimens of pure PEG and PDTE were prepared by
traditional cryomicrotomy of pure solid polymer specimens.

The imaging experiments used a Philips CM20 field-emission
gun (FEG) scanning transmission electron microscope (TEM/
STEM) at an accelerating voltage of 200 kV. This instrument is
equipped with a Gatan (Pleasanton, CA) 776 Enfina magnetic prism
electron energy-loss spectrometer and a Gatan Digiscan II control
and acquisition system.

High-angle annular-dark-field (HAADF) STEM imaging was
performed by scanning an electron beam with controlled diameter,
interpixel spacing, and dwell time across 2µm × 2 µm specimen
areas. In this imaging mode, regions of the specimen with higher
thickness or higher density preferentially scatter electrons to higher
angles. These electrons are collected by a single-crystal YAG
scintillator annular detector and give rise to bright pixels in the
image. A focused electron beam with a dose per pixel of∼100
e/nm2 was used to acquire high-quality HAADF STEM images.
During the selection of appropriate areas for EELS imaging,
however, lower electron doses were used (less than 1 e/nm2) in
order to minimize specimen damage prior to the EELS data
collection.

Electron energy-loss spectroscopic (EELS) imaging was per-
formed by digitally rastering a 15 nm diameter electron probe with
a 15 nm interpixel spacing across 2µm × 2 µm specimen areas.
The electron dose per pixel was∼600 e/nm2, and it was low enough
to not cause significant damage to the specimen as manifested by
changes in the EELS spectrum such as those brought by the
evolution of molecular hydrogen.25,31 From the spectra generated
at each pixel of the data set, compositional maps of the components
in the system were derived using the multiple-least-squares (MLS)
approach. Detailed descriptions of the postacquisition processing
and MLS analysis of low-loss energy-loss spectra are available in
the literature.25,32 Briefly, the shape of a properly postprocessed
spectrum at a particular pixel positionpi depends on the fraction
of water, PEG, and DTE in that same pixel. We determined the
composition at the pixelpi by fitting reference spectra characteristic
of pure amorphous ice, homopolymer PEG, and homopolymer poly-
(DTE) (abbreviated as PDTE) (Figure 2) to the unknown experi-
mental spectrum atpi. Repeating the fitting procedure at each of
the 15 nm wide pixels of the 2µm × 2 µm area generates
compositional maps (weight-fraction maps) for water, PEG, and
DTE. For these calculations the total inelastic scattering cross
sections per unit massσm of the polymers and water were needed,
and, following the method described by Sun et al.,32 our measure-
ments yielded for water, PEG, and PDTEσm of 3485( 50, 3977
( 60, and 3770( 50 m2/kg, respectively. By using pure reference
spectra in the MLS analysis, we are making the assumptions that
(1) secondary bonding between the three components does not
significantly modify the spectral character of the three components
and (2) hydrolytic degradation changes a small fraction of chemical
bonds within the copolymer structure. The latter is certainly true

Figure 1. Structure of poly(DTE-PEG).
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at the early stages of degradation and will become increasingly
less true as degradation progresses. To confirm the reproducibility
of our measurements, for each degradation time point (2 days, 5
and 12 months), we generated 10 maps from five different
microtomed sections. Average values with corresponding standard
errors of the mean for each of the degradation time points were
derived from the 10 compositional maps.

3. Results and Discussion

First, we characterized a dry p(DTE-PEG) film in order to
establish its initial morphology. DSC traces of pure PEG and
pure PDTE indicated that the homopolymers have a dryTg of
-45 and 96°C, respectively, while PEG additionally shows a
melting point around 58°C. The copolymer shows a majorTg

at 41 °C and a small but reproducible secondTg at 86 °C,
indicating microphase separation between PEG-rich domains
and DTE-rich domains. Bright-field TEM imaging of a RuO4-
stained film33,34showed no contrast. From this we conclude that
the PEG phase-separated domains are small (<5-10 nm in
diameter) and randomly distributed so that in projection they
overlap and cannot be distinguished from the DTE-rich major
phase.

Next, we characterized the morphology of a nondegraded
p(DTE-PEG) film that was immersed in water for 2 days.
Time-resolved weight-gain measurements indicate that these
films become saturated with water to a level of about 12 wt %
after immersion for 2 days.35 Figure 3 shows a high-angle
annular dark-field (HAADF) STEM image of one such nonde-
graded frozen-hydrated p(DTE-PEG) film. This image has
uniform contrast and agrees with our finding that phase-
separated PEG domains must be small and aperiodically dis-
tributed throughout the DTE-rich matrix. To quantitatively char-
acterize the initial spatial distribution of water and PEG within
the nondegraded copolymer, we rastered a 15 nm diameter probe
with a 15 nm interpixel spacing across a 2µm × 2 µm region

of the specimen. At each pixel position of this raster, low-loss
EELS spectra were collected, and reference spectra characteristic
of pure amorphous ice, PEG, and PDTE (Figure 2) were MLS
fit to the experimental spectrum. Figure 4 shows the resulting
15 nm resolution quantitative weight-fraction water and PEG
maps. From 10 such maps we obtained average water, PEG,
and DTE weight percent values that agree well with the nominal
composition of the specimen. Specifically, we measured 11.8
( 0.7 wt % water, in good agreement with the average water
content of ∼12 wt % determined by weight gain, and we
measured a PEG-to-DTE ratio of 0.249( 0.015, also in good
agreement with the PEG-to-DTE ratio in the dry copolymer of
0.232.

We then determined whether water and PEG are homoge-
neously distributed or show instead spatially varying compo-
sitional fluctuations. A direct inspection of Figure 4 reveals
fluctuations at high spatial frequencies in both the water and
PEG maps. These fluctuations could be noise intrinsically
associated with our experimental procedure.25 To differentiate
between real fluctuations and noise, we constructed an experi-
mental water-PEG scatter diagram over which we superim-
posed the intrinsic noise cluster associated with our set of
experimental conditions (Figure 5). Details of how to construct
and interpret these scatter diagrams are given elsewhere.25 Since
the noise cluster (white points in Figure 5) superimposes well
over the experimental cluster (dark points in Figure 5), the great

Figure 2. Low-loss electron energy-loss spectra characteristic of (s)
amorphous ice, (- - -) PEG, and PDTE (‚‚‚).

Figure 3. HAADF STEM image of a frozen-hydrated nondegraded
p(DTE-PEG) film.

Figure 4. (a) Water and (b) PEG compositional maps from a
nondegraded frozen-hydrated p(DTE-PEG) film. Pixel size) 15 nm.
Numbers on gray scales correspond to weight fraction.

Figure 5. Water-PEG scatter diagram showing simulated noise cluster
(white points) superimposed on experimental cluster (black points)
generated from the compositional maps in Figure 4. The noise cluster
is centered around a fixed composition, chosen as the average
composition derived from the data set presented in Figure 4.
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majority of fluctuations seen in the water and PEG maps are
simply noise, and water and PEG can be considered homoge-
neously distributed at the spatial resolution of 15 nm. Because
the water and PEG maps of the nondegraded copolymer are
homogeneous at the resolution limit of these experiments, any
changes to these maps from the analysis of degraded specimens
can thus be directly associated with degradation and erosion of
the copolymer.

Similar to Figure 3, an HAADF STEM image of a p(DTE-
PEG) specimen after 5 months immersion in water at 20°C
does not reveal contrast indicative of significant morphological
changes. Water and PEG maps also show contrast comparable
to that in the maps presented in Figure 4 for the nondegraded
case, and a scatter-diagram analysis confirmed that the composi-
tions are indeed uniform. The PEG-to-DTE ratio after 5 months
(0.232( 0.011) does not change significantly in relation to the
nondegraded copolymer (0.249( 0.015). However, after 5
months the copolymer shows a slight increase in water content,
going from the initial value of 11.8( 0.7 wt % to 14.9( 1.0
wt %.

Figure 6 shows an HAADF STEM image of the copolymer
film after immersion of 12 months in water at 20°C. Unlike
the data collected from the earlier time points, we now clearly
observe dark-contrast regions with characteristic diameters of
∼50-100 nm, suggesting that erosion occurs between the 5
and 12 month time points. However, HAADF STEM imaging
does not allow us to unambiguously and quantitatively correlate
the observed contrast features with changes in local specimen
composition. We therefore created water and PEG compositional
maps (Figure 7) using EELS in the STEM from a specimen
region similar to the one displayed in Figure 6. The average of
10 different measurements shows that after 12 months of
immersion the water content of the specimen increases from
11.8 ( 0.7 to 19.0( 1.2 wt %, and the PEG-to-DTE ratio
decreases from 0.249( 0.015 to 0.184( 0.018, indicating that
the loss of PEG-rich fragments occurred preferentially to that
of DTE-rich fragments.

To characterize the possible changes associated with the
spatial distribution of water and PEG arising from the prefer-
ential erosion of PEG-rich fragments, we consider the water
and PEG maps shown in Figure 7 in conjunction with the scatter
diagram of Figure 8. We believe the slight texture apparent in
the maps is real. We do not observe such texture in all of the
image data we collected, indicating that it is not a consequence
of the cryo-microtomy specimen-preparation process. Figure 8

shows the experimental cluster derived from Figure 7 (black
points) over which a noise cluster (white points) centered at
the composition 14.1 wt % PEG-15.6 wt % water was
superimposed. The center of the noise cluster was defined as
the average of the pixels within a 10× 10 region in Figure 7
with visually uniform water and PEG distribution. Because the
noise cluster no longer coincides with the experimental cluster,
the scatter diagram analysis indicates that statistically significant
changes have occurred to the spatial distribution of both water
and PEG. More specifically, the areas with dark contrast in
Figure 7b correspond to regions where PEG erosion took place.
The average PEG-to-DTE ratio in these regions is below 0.10,
whereas this ratio is 0.19 in the surrounding matrix.

Concomitant with the preferential loss of PEG-rich fragments,
the water content in the 12 month specimen increased to 19.0
( 1.2 wt % from the 11.8( 0.7 wt % of the nondegraded
film. Significantly, by comparing parts a and b of Figure 7, we
see that this increase occurs preferentially within the PEG-
depleted domains. Specifically, from Figure 7a we obtain an
average water content within the PEG-depleted regions of∼25
wt %, and this is considerably higher than the 19.0( 1.2 wt %
overall water content of the copolymer. To know how much
water is absorbed by different regions of a bioresorbable polymer
is important because the regions with higher water content
should subsequently degrade at a faster rate.36 Upon erosion,

Figure 6. HAADF STEM image of a frozen-hydrated p(DTE-PEG)
film after 12 months in water.

Figure 7. (a) Water and (b) PEG compositional maps from a frozen-
hydrated p(DTE-PEG) film after immersion of 12 months in water at
20 °C. Pixel size) 15 nm. Numbers on gray scales correspond to
weight fraction. Images were smoothed with a 2× 2 window. The
arrow in (a) points to an ice crystal. Line profiles across the features
inside the boxes are shown in Figure 9.

Figure 8. Water-PEG scatter diagram showing simulated noise cluster
(white points) superimposed on experimental cluster (black points)
generated from Figure 7.
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such regions would subsequently accelerate local morphological
changes relative to regions where the water content is lower.
We observe in the middle of Figure 7a a very large water-rich
feature (white arrow) but no corresponding PEG-depleted region
in Figure 7b. This feature is a thin ice crystal on the specimen
most likely deposited during transfer of the specimen to the
microscope. Observation of this artifact and its effect on the
PEG and water maps reinforces the fact that the contrast in these
maps is exclusively compositional and not modulated by
variations in film thickness.

A question that naturally arises concerns what possible
mechanism could be at play during the erosion of the p(DTE-
PEG) copolymer. After 5 months of immersion in water, no
erosion is observed both by HAADF STEM imaging and
compositional mapping. In agreement with previous work on
bulk erosion,7,12,16this result indicates that water-soluble frag-
ments produced by degradation are initially unable to diffuse
through the undegraded polymer matrix and cause erosion.
According to Go¨pferich’s percolation model,12 erosion relies
on the formation of a percolated microstructure constituted by
water-soluble degradation products. Because no erosion takes
place in the p(DTE-PEG) system during the first 5 months of
immersion in water, we conclude that a percolated microstruc-
ture has not fully formed during the 5 months. After 12 months
of immersion, however, PEG-rich fragments preferentially erode
from the copolymer film, suggesting that interconnected high
diffusivity paths have formed.

The compositional images in Figure 7 provide direct evidence
that a percolated microstructure exists in the specimen immersed
in water for 12 months. The PEG map in Figure 7b shows
circular as well as elongated PEG-depleted regions. These
regions constitute parts of the interconnected path from which
PEG-rich fragments have eroded. Compositional line profiles
across a circular and an elongated PEG-depleted region are
shown in Figure 9. At its center, the PEG composition of the
circular structure is almost 0 wt %. The PEG composition of
the elongated structure is higher (∼10 wt %) but still less than
that of the surrounding matrix (∼15 wt %). We can understand
these observations if we consider that the PEG-depleted features

in Figure 7 correspond to channels that are oriented in all
possible directions within the TEM specimen. These channels
presumably form when sufficient degradation of the DTE-rich
matrix has occurred so that water-soluble PEG-rich oligomers
are able to diffuse out to the surface. The spectroscopic contrast
we observe at the 12 month time point can vary simply because
the projected specimen composition will be different for
channels oriented perpendicular to the specimen plane than it
will be for channels lying within the plane.

The variations in image contrast can be simulated. For
example, Figure 10a schematically shows in cross section a
TEM specimen 200 nm thick with channels (30-60 nm width)
horizontally and vertically aligned relative to the TEM specimen
plane. The compositions of the matrix and of the channels were
assumed to be 15 and 0 wt % PEG, respectively, and their water
compositions were∼15 and 25 wt %, respectively. To simulate
the experimental images, we assumed that an incident electron
beam (15 nm in diameter) was scanned over this hypothetical
specimen at a dose of 600 e/nm2 equal to that used to generate
the maps in Figure 7. Figure 10b shows how vertically aligned
PEG-depleted channels would appear in projection in a PEG
map when noise is included in the simulation following the
protocols used to define the noise cluster in the scatter diagram

Figure 9. (a) Line profile across the circular PEG-depleted region
inside of the dotted box in Figure 7b. (b) Line profile across the circular
water-enriched region inside of the dotted box in Figure 7a. (c) Line
profile across the elongated PEG-depleted region inside of the solid
box in Figure 7b. (d) Line profile across the elongated water-enriched
region inside of the solid box in Figure 7a.

Figure 10. (a) Schematics of the cross-sectional view of a p(DTE-
PEG) TEM specimen (200 nm thick) with PEG-eroded channels (30-
60 nm width) vertically and horizontally aligned relative to the specimen
plane. The composition of the matrix and of the channels is 15 wt %
and 0% PEG, respectively. (b) Vertically aligned PEG-depleted channels
(30-60 nm width) appear in a PEG map as circular structures and
with high contrast. (c) Horizontally aligned PEG-depleted channels
(30-60 nm width) appear in a PEG map as elongated structures and
with weak contrast.
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(Figure 5). Namely, vertically aligned PEG-depleted regions are
observed with relatively high contrast. On the other hand,
horizontally aligned PEG-depleted channels appear with much
weaker contrast (Figure 10c) since in projection their composi-
tion is averaged with that of the matrix above and below the
channel. In the experimental PEG map (Figure 7b), we conclude
that the circular high-contrast PEG-eroded regions originate from
PEG-depleted channels roughly vertically aligned relative to the
TEM specimen plane because only a vertical channel in
projection can give rise to a feature with∼0 wt % PEG from
a ∼200 nm thick specimen. The weak-contrast PEG-depleted
elongated structures in Figure 7b, on the other hand, originate
from PEG-depleted channels roughly horizontally aligned.
Figure 10c reveals that 30 nm width horizontally aligned
channels are at the threshold of visibility. Thus, PEG-eroded
channels approximately 2-3 pixels wide (30-45 nm width)
potentially present in the 12 month specimen would be virtually
undetectable due to the low compositional contrast that they
generate and the intrinsic noise associated with these experi-
ments. Furthermore, PEG-eroded channels that are small and
too close together cannot be directly observed in a PEG map
since in projection they appear superimposed and indistinguish-
able from each other. Microtoming thinner TEM specimens and
pushing further the limits of spatial resolution of the EELS
technique would potentially allow us to observe PEG-depleted
regions such as the ones in Figure 7b with characteristic length
scales finer than∼30-45 nm.

The morphological changes observed after 12 months of
immersion in water at 20°C represent an early stage of erosion.
We found that the extent of percolation increased with continued
degradation. To accelerate degradation, we placed a copolymer
film exposed to water for 12 months at 20°C for an additional
2 weeks in water at 37°C. At this higher temperature, hydrolysis
rates and diffusion rates are both enhanced as indicated by a
substantially higher fraction of eroded areas with a greater
degree of interconnectedness (Figure 11). Cryo-ultramicrotoming
multiphase materials such as these highly hydrated copolymers
with heterogeneous mechanical properties is a practical chal-
lenge, and local variations in microtomed specimen thickness
precluded us from performing quantitative spectroscopy imaging
on these 12 month+ 2 week specimens. However, relative-
thickness measurements with EELS in the STEM23 provide
evidence that at this later time point DTE-rich fragments have
left the specimen in addition to the PEG-rich fragments which
are able to leave at earlier time points.

4. Conclusions

We have exploited the combination of spatial resolution and
spectral sensitivity afforded by EELS in the STEM to quantify
the nanoscale evolution of morphology in a bioresorbable
copolymer. By further combining this approach with cryo-
microscopy techniques, we were able to measure the spatial
distribution not only of the two polymer species in the
copolymer but also of the water. This new imaging method has
enabled us to study the dynamic hydrated morphology both more
quantitatively and at length scales much finer than other
characterization methods previously used to study erosion.
Compositional mapping from a p(DTE-PEG) copolymer film
immersed in water for 12 months revealed PEG-depleted regions
with characteristic length scales of 50-100 nm. These regions
correspond to a percolated network of high-diffusivity channels
through which PEG-rich fragments had eroded. The PEG-
depleted regions are enriched in water, consistent with the idea
that erosion creates free volume that can be occupied by in-
diffused water. Our observations at the nanoscale reinforce the
concept introduced by Go¨pferich that highlights the central
importance of percolation in bulk-eroding systems.
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